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Abstract: Percutaneous endoscopic lumbar discectomy (PELD) is the major effective treatment
for lumbar disc herniation, and rapid histological identification of dissected tissue is critical to
guide the discectomy. In this work, we revealed the histological features of different types of
peridural tissues of the lumbar spine by label-free multi-modal nonlinear optical microscopy.
Stimulated Raman scattering (SRS) was used to extract lipid and protein distributions, while
second harmonic generation (SHG) and two-photon excited fluorescence (TPEF) signals were
applied to image the collagen and elastin fibers at the same time. Our results demonstrated that
the nonlinear optical features of the dura and adjacent soft tissues were significantly different,
showing the potentials of our method for intraoperative differentiation of these critical tissues
and improving the surgical outcome of PELD.

© 2021 Optica Publishing Group under the terms of the Optica Open Access Publishing Agreement

1. Introduction

Lumbar disc herniation is a displacement of disc material beyond the area of the intervertebral
disc (IVD) space. In Western countries, the prevalence of symptomatic herniated lumbar discs is
approximately 1-3%. The highest prevalence is among people aged 30-50, with a male to female
ratio of 2:1. This type of disease may cause sciatica and neurological dysfunction. To treat
this disease, discectomy has been shown to improve self-reported symptoms and neurological
function [1].

Among discectomies, percutaneous endoscopic lumbar discectomy (PELD) has become
increasingly popular in recent years, not only because it offers a success rate equal to that of open
discectomy but also due to the fact that it offers advantages in terms of back pain, operating
time, blood loss, hospital stay and return-to-work time [2–5]. However, doubts remain regarding
the feasibility of minimally invasive discectomy because of its small working channel and
compromised visualization ability. The small working space makes it difficult to prevent and
monitor damage to the dura mater and neural structures [6]. Furthermore, no differences were
reported in overall complications, permanent tears or nerve root damage when compared with
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open surgery [7]. One critical reason for dura tear and nerve damage is that there is always fibrotic
adhesion between the dura and surrounding structures such as herniated discs and ligaments
[8,9]. These structures have a similar visual appearance under endoscopy, particularly in patients
with large disc herniation (Fig. 1(A), (B) and (C)). As a result, it is very difficult for surgeons to
differentiate herniated discs from dura [10].

Fig. 1. Experimental design. A. Cross-sectional view of PELD and lumbar spine anatomical
illustration. The IVD consists of outer AF, inner AF and nucleus pulposus. B. Lateral
view of PELD illustration. C. Endoscopic view of PELD. The borders of the herniated disc
(blue dashed line) and nerve root (orange dotted line) are marked. D. Optical layout of the
microscope system. E. Multimodal images with SRS, SHG and TPEF of soft tissue. IVD:
intervertebral disc; AF: annulus fibrosus; EOM: electro-optical modulator; DL: delay line;
DM: dichroic mirror; BP: bandpass filter; λ/4: quarter-wave plate; PMT: photomultiplier
tube; PD: photodiode; LIA: lock-in amplifier. Scale bar: 25 µm.

Although collagen and elastic fibers are present in all peridural structures, the proportions
of these fibers differ among the tissues. Based on previous studies, the outer dural border layer
consists of fibroblasts with long cell extensions, collagen fibers, and elastic fibers [11]. The
nucleus pulposus (NP) inside IVD commonly synthesizes type II collagen, whereas anulus
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fibrosus (AF) cells produce both type I and type II collagen [12]. The histology of herniated discs
can be very heterogeneous and can include tissues from the NP, AF, or cartilage end plate [13].
With aging, a decrease in elastic fibers and an increase in collagen fibers may be observed in the
ligamentum flavum (LF) [14–16], and chondrometaplasia can be found in hypertrophied LF [17].

Currently, studies on lumbar spine-related tissues mainly depend on tissue sectioning and
immunohistostaining. To further pave the way for PELD, there is need to investigate label-free
imaging methods to distinguish the dura (nerve root) from peridural adhesions under intraoperative
setting. Raman spectroscopy has the potential to distinguish different biochemical components
in biological tissues based on their fingerprint vibrational spectral identities [18–20], although
no or few studies have differentiated peridural structures of the lumbar spine using Raman
spectroscopy up to date. On the other hand, traditional spontaneous Raman spectroscopy is very
time-consuming for imaging due to the extremely weak scattering efficiency, but by employing
stimulated Raman scattering (SRS) microscopy, the imaging speed of biomolecules has been
increased up to video-rate, suitable for clinical applications [21–26]. Moreover, second harmonic
generation (SHG) and two-photon excited fluorescence (TPEF) are capable of specific detection
on collagen and elastic fibers, respectively [27–31].

In this study, we aimed to explore the multi-modal nonlinear optical features of peridural
structures of the lumbar spine. Our study firstly revealed the SRS features of lumbar spine
structures. In addition, the nonlinear optical responses of the dura and adjacent soft tissues
were significantly different, which could be used to effectively differentiate them during PELD.
Overall, our results showed the potential to combine nonlinear optical microscopy with PELD for
clinical application in the future.

2. Methods

2.1. Sample preparation

Human lumbar IVD, LF and nerve roots were obtained from fresh cadavers, diluted with phosphate-
buffered saline (PBS, HyClone) and fixed with 10% paraformaldehyde. After collection, the
tissue samples were transferred to the laboratory within 1 hour at -78.5°C on dry ice. The tissue
samples were sectioned to a thickness of 10 µm (Ag Protect, Leica) and sealed between two
coverslips for further measurements. After nonlinear optical microscopy measurements, the same
tissues were stained with hematoxylin and eosin (H&E) for comparison. All tissue collection
was approved by the Ethics Committee of Huashan Hospital with informed written consent
(KY2019546).

2.2. Microscope system

Our home-built microscope system is illustrated in Fig. 1(D) and could be found in previous
work [32]. A pulsed femtosecond (fs) optical parametric oscillator (OPO, Insight DS+, Newport)
with dual laser beams was applied as the light source. A fundamental 1040 nm laser beam
served as the Stokes beam, while the tunable laser (690-1300 nm) served as the pump beam.
To work in the “spectral focusing SRS” mode [33], both laser beams were chirped to several
picoseconds (ps) through highly dispersive SF57 glass rods [34–36]. The intensity of the Stokes
beam was modulated by an electro-optical modulator (EOM) at 1/4 of the laser pulse repetition
rate (20 MHz). The two laser beams were collinearly combined via a dichroic mirror (DMSP1000,
Thorlabs). Both beams were circularly polarized to avoid orientational dependence of the
fibers [37]. Then, the combined beam was directed into a laser-scanning microscope (FV1200,
Olympus) and focused onto the samples with a high NA objective (UPLSAPO 60XWIR, NA 1.2
water, Olympus). The stimulated Raman loss (SRL) signal of the pump beam was transmitted to a
bandpass filter (CARS ET890/220, Chroma) and collected by a back-biased photodiode. Finally,
the filtered SRL signal was demodulated through a lock-in amplifier (HF2LI, Zurich Instruments)
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to generate SRS images. SRS spectra could be acquired by scanning the time delay between
pump and Stokes pulses, yielding three-dimensional hyperspectral SRS data in (x, y, and ω),
with spectral resolution of ∼20 cm−1 [24]. The SHG and TPEF signals could be simultaneously
detected in epi mode via bandpass filters (FF01-405/10-25, Semrock for SHG; FF01-575/59-25,
Semrock for TPEF) and photomultiplier tubes (PMTs). Each field of view (FOV) contained
512× 512 pixels with a pixel dwell time of 2 µs. The power levels for the Stokes and pump
beams on the samples were approximately 40 mW and 30 mW, respectively. Typical multimodal
images of soft tissues are shown in Fig. 1(E).

3. Results

3.1. Differentiating nerve roots with SRS

Typical SRS images and spectra of the nerve root, IVD and LF are shown in Fig. 2, extracted
from hyperspectral SRS data [25,32]. These three structures show not only unique morphological
appearances in SRS images (Fig. 2(A)), but also distinct spectral features (Fig. 2(B)), indicating
different biochemical compositions in these tissues. The nerve roots demonstrated SRS spectral

Fig. 2. SRS characterization of the nerve root, IVD and LF. A. Typical SRS images of the
tissues. B. SRS spectra. C. SRS images taken at CH2 (2845 cm-1) and CH3 (2930 cm-1)
channels of the nerve root, and the decomposed distributions of lipid (green) and protein
(blue). D. SRS intensity profiles along the yellow dashed line. E. Normalized SRS spectra
of the three selected regions shown in Fig. 2(D). Scale bar: 25 µm.
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characteristics more akin to lipids, whereas IVD and LF shared similar SRS profiles to protein
[32].

To further reveal the structural and biochemical characteristics of nerve roots, different regions
from inside to outside of the nerve root (nerve, dura and the border between them) were analyzed.
SRS images taken at the two typical Raman frequencies, CH2 (2845 cm-1) and CH3 (2930 cm-1)
are shown in Fig. 2(C). Based on the SRS spectra of standard pure chemicals [32], lipids are
known to yield high signal intensity at both 2845 cm-1 and 2930 cm-1, whereas proteins generate
high signal at 2930 cm-1 but low intensity at 2845 cm-1. It is thus clearly seen that the myelinated
nerves contain high lipid level, while the dura is mainly consisted of protein rich content. After
numerical decomposition of the two SRS raw images into the distribution of lipids (green) and
proteins (blue) [25,32], nerve structures and peripheral dura could be readily distinguished
(Fig. 2(C)).

The intensity profiles of SRS signal across the interface of nerve/dura along the yellow dashed
line in Fig. 2(C) are shown in Fig. 2(D). As can be seen, lipids appear relatively even distribution
from the inside to the outside of the nerve root, while proteins demonstrated an increasing trend in
the same direction because of the appearance of the dura tissues. Normalized SRS spectra further
confirmed the chemical compositions of different regions of interest, including the nerve (region
1), dura (region 2) and their mixtures (region 3). As shown in Fig. 2(E), region 1 presented lipid
spectral signatures, regions 2 presented protein spectrum, and region 3 generated the mixture of
lipid and protein profiles. In addition, SRS spectra in region 3 was found to be well fitted by the
linear combination of those in regions 1 and 2, demonstrating the overlap of nerve and gristle in
region 3, which also reflected the difficulty of nerve protection during surgery.

Fig. 3. Characterizing the IVD and LF with SHG and TPEF. A. SHG and TPEF images
of the IVD and the LF. B. The corresponding intensity distributions showed. C. An IVD
tissue with ordered regions 1-5 from the inner to the outer layer. D. Intensity distribution of
SHG and TPEF signal along the direction of the box in C. E. Differentiation of the tissues
with combined SHG/TPEF ratio and SRS2845/SRS2930 ratio. Asterisk points represent
averaged ratio of the numbered regions in C. Scale bars: 25 µm for A, 500 µm for C.
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3.2. Differentiating IVD and LF with SHG/TPEF

Now that the nerves have been shown to be well identified by SRS, but IVD and LF did not show
significant Raman spectral differences for direct differentiation. We next evaluated the possibility
of distinguishing IVD and LF with other means of nonlinear optical imaging methods. Luckily,
SHG and TPEF imaging results indicated that the IVD contained both high levels of collagen
(SHG) and elastic fibers (TPEF). In contrast, LF showed rich elastic fibers but rarely any collagen
fibers, as shown in Fig. 3(A). The corresponding intensity distributions also confirmed that the
IVD had overall stronger SHG but weaker TPEF signal than LF (Fig. 3(B)), which provide the
basis for the differentiation of IVD and LF.

To reveal the spatial heterogeneity of the IVD tissues based on SHG and TPEF imaging, a
region from the inner to the outer layers of the IVD was selected for further analysis (Fig. 3(C)).
The inner layer of the IVD demonstrated weaker SHG intensity than the outer layer, which
indicated that the interior of the IVD contained less collagen fibers. In contrast, the distribution
of elastic fibers in the IVD tissue appeared relatively even as seen in the TPEF distribution. These

Fig. 4. H&E staining and corresponding nonlinear optical images of different types of
tissues. A. LF tissue. B. The dura mater and nerve root. C. IVD tissue (Left: inner part;
right: outer part). D. Magnified view of the dashed area in B. Cyan: elastic fibers; Red:
collagen fibers; Green: lipids; Blue: protein. Scale bar: 200 µm in A-C, 20 µm in D.
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distribution differences could also be confirmed by the intensity profiles along the directions of
the rectangular boxes (Fig. 3(D)).

At last, in order to effectively differentiate the three key structures (nerve root, IVD and
LF) we need to fully use the integrated information of SRS, SHG and TPEF. First of all, the
nerve root could be well separated by the ratio of SRS signal at the two Raman frequencies
(SRS2845/SRS2930), which reflects the relative lipid content (higher lipid corresponds to higher
ratio). Therefore, the SRS2845/SRS2930 ratio was set as the horizontal axis (Fig. 3(E)). Then, to
further differentiate IVD and LF, the ratio of collagen to elastic fiber (SHG/TPEF) was set as the
vertical axis (Fig. 3(E)), showing separated clusters of LF from IVD. Note the SHG/TPEF ratio
in IVD appears more diverse and spread due to the heterogeneous distribution of collagen fibers
(Fig. 3(C)).

3.3. Multi-model imaging of dura mater, IVD and LF tissues

H&E staining and the corresponding multi-modal multiphoton imaging results are shown in
Fig. 4. Multiphoton imaging not only showed tissue morphology similar to H&E staining,
but also provided chemical distributions for the specific identification. In a typical LF tissue,
regularly arranged fibers could be revealed by both H&E and multiphoton imaging. However,
multiphoton image indicated additional information of rich elastic fibers but rare collagen fibers
in LF (Fig. 4(A)). In a cross-section tissue of dura mater, the lipid rich nerves could be readily
visualized by SRS, and the surrounding dura mater could also be seen as regularly arranged
collagen and elastic fibers (Fig. 4(B)). And the IVD tissue showed more elastic fibers in the inner
part and more collagen fibers in the outer part (Fig. 4(C)). High-resolution, magnified views of
the nerve/dura interface clearly differentiated the fibers and myeline (Fig. 4(D)).

4. Discussion

During PELD, fibrotic adhesion can be observed between the dura (nerve root) and the surrounding
structures, particularly due to their similar visual appearances to the naked eye, therefore, it is
necessary to clearly distinguish between them. The multiphoton imaging features of the lumbar
spine structures were shown in our study for the first time. Additionally, our study found that
nonlinear optical microscopic appearances of the dura and the adjacent soft tissues differed
significantly. Although the current work has been focused on thin tissue sections, the method
could be easily adapted to fresh tissues and even in vivo studies, which holds great potentials for
intraoperative identification of different types of peridura tissues during PELD.

The IVD is the joint of the spine [38] and consists of the NP in the center, surrounded by the
AF laterally and by the cartilaginous endplates vertically. Type I and II collagens are the main
components of AF and form concentric lamellae around the NP [39]. The AF can be separated
into the inner AF and the outer AF. The outer AF consists of an oriented lamellar collection of
densely packed collagen fibers, whereas the inner AF is identical to the external parts except
that it is not as thick and the directed lamellae are not as regularly arranged [40]. In our study,
we found a higher SHG signal in the outer AF and a relatively lower SHG signal in the inner
AF, and these findings confirm the aforementioned molecular biology findings. In this study,
rather than to differentiate collagen types, multiphoton technique provided a rapid and nontoxic
method to identify tissues with different collagen content, which will be very useful for the rapid
identification of different tissues during surgery.

Another structural protein found in the IVD is elastin [41], which is present in proportionately
small amounts but still can play a significant mechanical role [42,43]. Elastin is the major
structural component of most elastic fibers in human tissues, such as the artery wall, lung,
ligament, and skin, which require durability for their biological functions [44]. In the study by
Yu et al. in Ref. 35, a long elastic fiber aligned with collagen bundles within lamellae and a
dense elastic fiber network were visible in the gap between adjacent lamellae in the outer AF
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[45]. The elastic fibers in the inner AF were dense and were in an intricate type between adjacent
lamellae; the fibers were also very apparent and parallel to each other within individual lamellae
[45]. In our study, we found high TPEF signals in both the inner and outer AF, meaning that
TPEF was able to sensitively detect the elastic fibers, even though it is only a minor component
in the annulus. In addition, an increasing TPEF signal was seen in the disc from the outer to the
inner AF, which could be due to the higher density of elastic fibers in the inner AF compared
with the outer AF.

The LF surrounds the posterior and lateral walls of the spinal canal. As the LF thickens, it
compresses the nerve roots of the cauda equina [46]. Removal of the LF is another major target
in PELD due to the thickening of the ligament. Previous studies have shown a reduction of
elastic fibers and an increase of collagen fibers in hypertrophied LF [14–16,47]. In addition,
synthesis of collagen fibers and degradation of elastic and collagen fibers are both accelerated in
the hypertrophied LF [48,49]. After analysis, we found that collagen protein could be clearly
identified in LF by SRS microscopy, and its spectral profile was similar to that of AF. Secondly,
regarding SHG and TPEF signals, elastic fibers had a stronger presence than collagen fibers
in LF. This was mainly due to the tissue being obtained from cadavers at a young age without
hypertrophy in LF. Future studies shall include elderly patients.

The dura mater ranges from the foramen magnum to the sacrum and coccyx. Dura extensions
cover the nerve roots and go beyond between the IVD and LF. The nerve roots are compressed
by herniated discs and hypertrophied LF in lumbar degenerative diseases, and inflammation
contributes to adhesions of soft tissues. Hence, the key to improve operational safety is to
distinguish the dura mater from the IVD and the LF [8,9]. According to the content and
distribution characteristics of elastic fibers and collagen fibers by multi-modal imaging, the dura
mater, the IVD and the LF could be easily distinguished. The dural material was rich in both
collagen fibers and elastic fibers, and the fibers were regularly aligned. The nerve root inside the
dura mater was rich in lipids. The LF was rich in elastic fibers and less abundant in collagen
fibers, with regularly aligned dense fiber morphologies. In the IVD, there were more elastic
fibers in the inner AF and more collagen fibers in the outer part, the fibers were looser, and the
alignment was less regular than that in the dura mater and LF. These distinct compositional and
histological features of lumbar spine associated structures will be of great help in identifying
different tissues during surgery.

In addition to the discoveries found in this study, several factors will need further developments
for the practical application of nonlinear optical microscopy to assist PELD surgery. First of
all, although our current study focused on thin tissue sections to reveal the optical properties of
lumbar tissues in the transmission mode, epi-detection of thick fresh tissues or in vivo imaging
will result in weaker signal intensity with preserved optical characteristics [21,24,25]. It is
crucial to integrate the nonlinear optical microscopy with endoscopy to fit the surgical setting,
which becomes possible with the recent technical advances of coherent Raman endoscopy [50].
Secondly, with the help of deep-learning algorithms, intelligent and automated diagnosis of the
nonlinear optical images has shown promise in rapid intraoperative histopathology [22,32]. Both
the system development and machine learning are among our on-going research plans along the
line.

5. Conclusion

To summarize, our study has revealed the multi-modal nonlinear optical features of lumbar spine
associated structures. The nonlinear optical characteristics of different types of peridural soft
tissues were significantly different, which provides potentials to differentiate them effectively
during PELD surgeries.
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Appendix: abbreviations

IVD intervertebral disc

PELD percutaneous endoscopic lumbar discectomy

NP nucleus pulposus

AF anulus fibrosus

LF ligamentum flavum

SRS stimulated Raman scattering

PBS phosphate-buffered saline

fs femtosecond

OPO optical parametric oscillator

ps picoseconds

SRL stimulated Raman loss

SHG second harmonic generation

TPEF two-photon excitation fluorescence

PMT photomultiplier

FOV field of view
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